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Closing the gap between small and smaller:
towards a framework to analyse nano- and
microplastics in aqueous environmental samples†
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Measuring concentrations and sizes of micro- and nanoplastics in the environment is essential to assess

the risks plastic particles could pose. Microplastics have been detected globally in a variety of aquatic eco-

systems. The determination of nanoplastics, however, is lagging behind due to higher methodological chal-

lenges. Here, we propose a framework that can consistently determine a broad spectrum of plastic particle

sizes in aquatic environmental samples. Analytical evidence is provided as proof of principle. FTIR micros-

copy is applied to detect microplastics. Nanoplastics are studied using field-flow-fractionation and pyrolysis

GC-MS that gives information on the particle sizes and polymer types. Pyrolysis GC-MS is shown to be

promising for the detection of nanoplastics in environmental samples as a mass of approximately 100 ng is

required to identify polystyrene. Pre-concentrating nanoplastics by crossflow ultrafiltration enables polysty-

rene to be identified when the original concentration in an aqueous sample is >20 μg L−1. Finally, we pres-

ent an approach to estimate polymer masses based on the two-dimensional microplastic shapes recorded

during the analysis with FTIR microscopy. Our suite of techniques demonstrates that analysis of the entire

size spectrum of plastic debris is feasible.

1. Introduction

A growing body of literature is documenting the widespread
occurrence of plastic litter in various ecosystems1–3 and its
ecological consequences.4,5 Considerable attention has been
given to microplastics (MP): plastics smaller than 5 mm.6,7

MP and the much smaller particles usually referred to as
‘nanoplastics’ (NP) can be released into the environment di-
rectly8,9 or can be formed when larger plastic items degrade
and fragment under the impact of various environmental

stressors.10–12 The actual fragmentation processes are un-
known and currently under research.13,14 However, it is
widely assumed that the fragmentation into small MP and
eventually into NP is one of the explanations for the ‘missing
plastic’ budget, a term defined by Cozar et al.,3 who detected
lower MP concentrations in the open ocean surfaces than
predicted by their model. Recent experimental, modelling
and field studies further support this hypothesis.11–13,15,16

MP has been studied and detected globally in almost all
natural habitats, but no lower size limitations or sub-classes
have been officially defined. Yet the term ‘nanoplastic’ is
widely used, but interpreted differently. Here, we primarily
acknowledge the formal definition of a nanomaterial by the
EU (2011/696/EU),8,17 according to which at least 50% of the
particles must have at least one dimension smaller than 100
nm. Other studies define NP as plastic particles <1 μm11,16,18

or even <20 μm.19

There are currently several protocols for detecting MP,20

but they lack consistency in sampling, sample pre-treatment,

1640 | Environ. Sci.: Nano, 2018, 5, 1640–1649 This journal is © The Royal Society of Chemistry 2018

a Copernicus Institute of Sustainable Development, Utrecht University, The

Netherlands. E-mail: s.m.mintenig@uu.nl
b KWR Watercycle Research Institute, Nieuwegein, The Netherlands
c Aquatic Ecology and Water Quality Management Group, Wageningen University,

The Netherlands
dWageningen Marine Research, IJmuiden, The Netherlands
e Faculty of Management, Science and Technology, Open University, Heerlen, The

Netherlands

† Electronic supplementary information (ESI) available. See DOI: 10.1039/
c8en00186c

Environmental significance

Microplastics have been detected globally in various ecosystems. Recent experimental, modelling and field studies point towards nanoplastics also being
present. With a decrease of particle sizes an increase of the particles' toxicity is widely assumed. To assess the risks that are related to plastic litter in the
environment, effect and exposure concentrations need to be known and combined. Addressing the latter, we here present a framework that is able to
sample and to consistently determine concentrations and sizes of plastics down to a size of 50 nm in an aqueous environmental sample.Pu
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analysing and reporting of results. The analysis of NP is more
elaborate, and protocols are currently under development.16

One of the major challenges is the pre-concentration of sam-
ples required to match the detection limits of currently avail-
able instrumentation. The aim of the present paper is two-
fold. First, we aim to provide a framework for quantitatively
analysing NP and MP that is based on three criteria: (a) a
sampling strategy to reproducible concentrate plastic parti-
cles of targeted sizes, (b) the determination of particle sizes
and (c) the identification of polymer types. Second, we aim to
provide empirical data on the applicability of novel steps in
the proposed framework.

2. A framework for the analysis of
nano- and microplastics in aqueous
environmental samples

In order to concentrate MP and NP for a representative analy-
sis, starting with an appropriate sampling strategy is of high
importance. The protocol used most widely today entails fil-
tering surface water through nets with a mesh size of 333
μm.1,2,21,22 The size of smaller particles retained is 25 to 45
μm when water is filtered through a stack of sieves,23,24 and
10 μm when stainless steel cartridge filters are used.25 Sam-
pling NP is more challenging as conventional filtering is not
applicable in these low size ranges. Ter Halle et al.16 used ul-
trafiltration to concentrate the colloidal fraction (<1.2 μm) of
a 1 L seawater sample. Another concentration technique is
crossflow ultrafiltration, which uses a filter originally made
as dialysis equipment (Hemoflow, Fresenius Medical Care,
Germany). This crossflow ultrafiltration setup has been ap-
plied successfully to concentrate microorganisms in drinking
and surface waters by factors of 4000 and 1000,
respectively.26

To date, a variety of analytical techniques has been ap-
plied to determine MP in environmental samples. Numerous
studies have relied on visual sorting of MP of a few hundred
μm micrometres in size.1,27 In recent years, the scientific fo-
cus has shifted from determining visible plastic particles to
determining microscopic plastic particles, usually using
spectroscopic28–30 or thermal degradation analyses.31–33

When coupled to a microscope, Fourier transform infrared
(FTIR) or Raman spectroscopy reveals the chemical identity
of particles and allows the estimation of individual particle
sizes and shapes. However, both techniques are limited by
particle size: 500 nm for Raman microscopy29 and 20 μm for
FTIR microscopy.28 In contrast, thermal degradation analyses
are not limited by size when analysing mixed environmental
samples, but also, they do not provide information on parti-
cle sizes. Recent studies have used thermal degradation to
identify polymer mixtures in surface water,16 soil,31,34 fish33

and wastewater treatment plant effluents.32

A major problem arising from using such different tech-
niques is the incomparability of data.20,35–37 Manual particle
sorting or spectroscopic analyses yield numbers of MP parti-

cles or fibres, whereas water volumes,23,38 surface areas,2,39

sediment weight40,41 and suspended particulate matter
weight42 are presented in metric units. A bigger problem oc-
curs when comparing these data with data from thermal deg-
radation procedures that aim to simultaneously identify and
quantify polymers31,33 per sample volume or weight. Eventu-
ally, exposure data are needed that can be linked to results
generated during effect studies. And as the hazards posed by
MP and NP are likely to depend on the concentration, size5,43

and potentially on polymer types, these data are of high inter-
est.44,45 Information on polymer masses will be required to
enable mass-balance models that link production and emis-
sion data to environmental occurrence data.15,46

Given that plastic debris comes in a broad spectrum of
sizes, its identification requires a combination of different
sampling techniques (criterion a) and analytical techniques
to determine sizes (criterion b) and polymer types (criterion
c) (Fig. 1). The sequence of the techniques, and their relation-
ships, are shown also in a flow scheme (Fig. S1†). In addition
to conventional filtration to concentrate MP, we introduce
crossflow ultrafiltration to concentrate NMP (nano- and
microplastics <20 μm) prior to analysis. For NMP analysis
two techniques are needed: asymmetrical flow field-flow frac-
tionation (AF4), which is a versatile tool for sample fraction-
ation based on particle sizes,47 in combination with pyrolysis
gas chromatography-mass spectrometry (GC-MS), to identify
polymers in size fractions collected individually. Here, a fil-
tration step is essential since the particle size separation of
the AF4 occurs in two modes: in the ‘normal’ mode, increas-
ing particle sizes lead to an increased retention, whereas this
is reversed for bigger particles in the so-called ‘steric’ mode.
The sizes and polymer types of MP particles exceeding 20 μm
are identified with micro-FTIR (Fig. 1). Manual sorting and
subsequent identification of MP becomes feasible for plastics
bigger than 300 μm; thus this common procedure1,2,20 com-
pletes the proposed protocol.

The framework has several components new to this field
of research that we have tested individually and in combina-
tion. These tests are presented below and comprised (a) sam-
pling surface and drinking water by concentrating them
using crossflow ultrafiltration, including the determination
of recovery rates, (b) NMP size determination using AF4 and
(c) polymer identification of NMP using pyrolysis GC-MS.

Fig. 1 Protocol applied to: (a) sample; and detect sizes (b) and identify
polymer types (c) of nano- and microplastics in an environmental
aqueous sample.
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3. Materials and methods

3.1 Materials and instrumental setup

Chemicals. Monodispersed NMP suspensions of polysty-
rene (PS) spheres with specified diameters (50, 100, 200, 500
and 1000 nm) and uncharged surfaces were purchased from
Polyscience Inc. (Illinois, USA). Monodispersed gold and sil-
ver nanoparticles (50 nm) in solutions with a citrate-based
agent were purchased from NanoComposix (California, USA).
Green fluorescent MP polyethylene (PE) beads in sizes rang-
ing from 90 to 106 μm were purchased from Cospheric (Cali-
fornia, USA). To facilitate dosing, these PE beads were
suspended in ultrapure water containing a surfactant (0.01%
sodium dodecyl sulphate (SDS), Sigma Aldrich), which
yielded a final concentration of 260 mg (5 × 105 particles) L−1.
To determine MP number concentrations, the solutions were
filtered through cellulose nitrate filters (0.45 μm Whatman,
Germany) and PE beads were counted using a dissecting
microscope (Zeiss STEMISV8, Germany). Further, transparent
PS pellets were cooled with liquid nitrogen, ground and
sieved over an installed 100 μm mesh (Retsch Centrifugal
Grinding Mill ZM1000, Germany).

Crossflow ultrafiltration. To increase MP and NMP con-
centrations we used a crossflow ultrafilter (Hemoflow filter
HF80S, Fresenius, Medical Care) consisting of bundled hol-
low fibre membranes made of polysulfone that had an inner
diameter of approximately 200 μm. The exact pore sizes were
not specified, but the cut-off was defined for proteins sized
between 40 and 60 kDa. Samples were pumped (Masterflex,
Cole Parmer, USA) through the crossflow ultrafilter at a con-
stant flow rate of 4 L min−1 and an overpressure of 0.4 bar.
Thereby the permeate was pressed through the filter while
the concentrate was retained and rinsed back into the tank,
raising particle concentrations (see Fig. S2†).

AF4. An AF4 system was used (Postnova Analytics GmbH,
AF2000, Landsberg, Germany), coupled online to a UV detec-
tor (Shimadzu) and a multi-angle light-scattering (MALS) de-
tector (Postnova, Landsberg, Germany). The trapezoidal chan-
nel was 27.5 cm long and 250 μm thick. There were two
membranes, 10 kDa regenerated cellulose (RC) and 10 kDa
polyethersulfone (PES) (Postnova, Landsberg, Germany), and
three carrier liquids: ultrapure water (>18 MΩ), a solution
containing an anionic surfactant (0.01% SDS, Sigma Aldrich)
and a solution containing a non-ionic surfactant (0.01%
TWEEN, Sigma Aldrich) surfactant (see Table S1†). The frac-
tionation and presence of particles were recorded by the
MALS detector. Plotting the detection signal against the frac-
tionation time, the area under the curve (AUC), proportional
to the particle concentrations injected, was determined using
GraphPad Prism (5.01, GraphPad Software, San Diego Califor-
nia USA). Further information on the general ability and limi-
tations of the AF4 to separate particles can be found
elsewhere.48,49

Pyrolysis GC-MS. Polymers in environmental samples were
analysed using pyrolysis GC-MS. The samples were pyrolysed
at 560 °C (Pyromat, GSG Mess- und Analysegeräte, Germany)

in a tubular pyrolysis wire with a capacity of approximately
15 μL. The instrumental details for pyrolysing a sample are
provided as ESI† (Table S2). The degradation gases were sepa-
rated using a GC (Trace GC, ThermoFisher Scientific, Madi-
son, USA) and identified using an MS system (Trace MS Plus,
ThermoFisher Scientific, Madison, USA). The settings of the
GC-MS system are shown in Table S3.† Generated pyrograms,
peak intensities and polymer characteristic mass-to-charge
(m/z) ratios were analysed using the software XCalibur
(Thermo XCalibur 2.2 SP1.48, ThermoFisher Scientific, Madi-
son, USA). Individual compounds were searched within a li-
brary of organic compounds (NIST/EPA/NIH MS Library (NIST
11), USA) and an in-house generated library.

Micro-FTIR. An FTIR microscope equipped with an ultra-
fast motorized stage and a single mercury cadmium telluride
(MCT) detector (Nicolet iN10, ThermoFisher Scientific, Madi-
son, USA) was used to identify MP, using chemical mapping.
This entailed enrichment of the samples on aluminium oxide
filters (Anodisc 25 mm, Whatman, UK) placed on a calcium
fluoride (CaF2) crystal (EdmundOptics, Germany) to prevent
filter bending. All measurements were taken in transmission
mode (Löder et al.28). Polymers were identified with the aid
of the “Hummel Polymer and Additives FTIR Spectral Li-
brary” (ThermoFisher Scientific, Madison, USA). The spectra
and chemical maps generated were analysed using Picta soft-
ware (1.5.120, ThermoFisher Scientific, Madison, USA).

Samples. To test the individual techniques that make up
the framework, samples of drinking and surface water were
spiked with different monodispersed plastic particles. The
drinking water was tapwater from Nieuwegein; the ultrapure
water was obtained by purifying demineralized water in a
Milli-Q system (Millipore, MA, USA). The surface water sam-
ples were from two freshwater systems in the Netherlands:
the Lek canal and Lake IJssel. The Lek canal was sampled in
April 2016 using a stainless steel bucket. Surface water of
Lake IJssel was sampled using crossflow ultrafiltration (Fig.
S2†) in January 2016. Using a water standpipe at an official
sampling point, we obtained surface water pumped from a
depth of 0.5 m by placing a small stainless steel cask with a
volume of approximately 20 L under the open tap and
allowing it to fill with water. The volume of water was
maintained at a constant level by means of a float valve that
allowed more water to be pumped into the cask automatically
when the level fell. This allowed the concentration process to
proceed unsupervised for 24 h. During this time, 635 L sur-
face water were filtered and concentrated into a volume of
0.4 L. Contamination with plastic particles was minimized by
using tubes rinsed with ultrapure water and by covering the
tank with aluminium foil. Subsequently, the Lake IJssel sam-
ple was filtered through a 20 μm stainless steel sieve, the
retentate was treated with 1 M sodium hydroxide (NaOH, 3
days, 50 °C, similar to Dehaut et al.50). During sample han-
dling cotton lab coats were worn at all times and the sam-
ple was kept covered whenever possible. Further controls
and blanks could be omitted because spiked particles were
used.

Environmental Science: NanoPaper
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3.2 Testing the analytical framework using spiked
environmental samples

A) Sampling. Crossflow ultrafiltration was further vali-
dated by adding NMP (PS 50 and 200 nm) or MP (PE 90-120
μm) to drinking water samples. The drinking water came di-
rectly from the tap and was not filtered before usage. For
both plastic types, three 100 L samples were concentrated
into final volumes of 0.5 L. Further, one sample of pure
drinking water was filtered and used as a blank. For MP, the
starting concentration was 2.6 μg (5 particles) L−1. For NMP,
0.4 mg L−1 PS (50 nm) and 0.585 mg L−1 (200 nm) PS were
added. Standard suspensions with particle concentrations
200 times higher than indicated concentrations were pro-
duced and used to determine NMP recovery rates. Pre-
concentration was done as follows: the 100 L samples were
distributed among five jerry cans (20 L, HDPE) and pumped
through the crossflow ultrafilter. Each jerry can was thor-
oughly rinsed with ultrapure water and ethanol (30%). After
two hours the concentrate was collected in a glass jar, and
the tubes and filters were rinsed twice by pumping 150 mL
of collected permeate through the filter. The MP beads were
counted using a dissecting microscope and the numbers
compared to the originally admixed concentrations. The
NMP samples and standard suspension were analysed in
quadruplicate using AF4-MALS, and the AUCs were deter-
mined. Because this AUC is proportional to a NMP concen-
tration range of 0.1 to 140 mg L−1 (R2 > 0.99), it was used to
evaluate the NMP recovery. In addition to AF4-MALS mea-
surements, all NMP samples were re-analysed using spectro-
photometry (UNICAM UV 500, ThermoSpectronic). The UV
absorbance was measured at 229 nm wavelength, at which
PS in ultrapure water shows the highest absorption. The sys-
tem was calibrated for PS concentrations between 4 to 23.6
mg L−1, resulting in a linear increase of measured absor-
bance (R2 > 0.99). The UV absorbance of the concentrated
crossflow samples was measured after samples had been di-
luted with ultrapure water (1 : 10) and ultrasonicated for five
minutes to prevent erroneous measurements arising from
aggregation.

B) Size determination. To detect the sizes of plastics accu-
rately, different techniques were used. For MP, the two-
dimensional shape (maximum and minimum diameters) of
individual particles can be assessed during chemical map-
ping by using micro-FTIR, as will be explained in the follow-
ing section. More challenging is the size determination for
NMP; although AF4 is a powerful technique for separating a
variety of nanoparticles, it needs to be adapted for the parti-
cles of interest.47 First, two membranes, RC and PES, were
tested in combination with different carrier liquids: ultrapure
water, or a solution containing an anionic (SDS) or a non-
ionic (TWEEN) surfactant. These surfactants were added to
reduce particle–membrane interactions that could cause erro-
neous results. Each combination was evaluated using the
data recorded by the MALS detector. We tested for distinct
signals by injecting monodispersed NMP suspension (50 and

500 nm, 50 mg L−1, injection volume of 30 μL). To test for
complete size separation we injected a mixture of 50, 100,
200, and 500 nm spheres (each 200 mg L−1, 20 μL). The set-
tings to run the AF4 system are presented in Table S1;† using
these, the elution times of the various NMP sizes were
recorded. In a second step, a monodispersed suspension of
1000 nm spheres (200 mg L−1, 10 μL) was injected to deter-
mine elution time and signal intensity recorded by the MALS
detector. A new mixture of all five NMP sizes was analysed
under different crossflow conditions (0.5, 1, 2, 3, 4 mL min−1,
Table S1†) to test if a simultaneous separation might be feasi-
ble or if there had been a transition from the “normal mode”
to the “steric mode”. This was done because previous studies
have shown that this transition occurs for particle sizes of
about 1 μm.47,51 The MALS detector provides data on the par-
ticles' radii. For a concentration range for particles of 50 and
200 nm (100–0.1 mg L−1, 50 μL) it was determined when dis-
cernible peaks were detected compared to the baseline and
when the particle sizes given by the MALS detector matched
the supplier's specifications.

NMPs are made of polymers with different densities. To
test the effect of different densities on the elution times of
particles, we injected monodispersions of 50 nm PS, gold
and silver nanoparticles.

C) Polymer identification. The final polymer characteriza-
tion was also conducted using two techniques, pyrolysis GC-
MS for NMPs and micro-FTIR for MP. Pyrolysis GC-MS was
used to determine the presence of polymers in size fractions
previously separated by AF4. Lek canal and Lake IJssel sur-
face waters were examined using pyrolysis GC-MS. To do so,
pyrolysis tubes were filled with 12.5 μL sampled water, and
the water evaporated at 60 °C. This step was repeated
resulting in a total sample volume of 25 μL. The sample from
the Lek canal was tested solely for PS (200 nm) that had been
added at concentrations of 0.6 mg L−1 (mimicking the status
before crossflow ultrafiltration), 117 mg L−1 (after crossflow
ultrafiltration) and 1200 mg L−1, resulting in PS masses of 15
ng, 3 μg and 30 μg within the sample volumes of 25 μl. These
tubes were pyrolysed several times (Table S2†) to ascertain
whether full material pyrolysis occurred and, if so, when. The
analysis focussed on characteristic PS degradation products:
styrene (mass 104) and tristyrene (mass 312).33 Fischer and
Scholz-Böttcher33 showed that the more abundant styrene is
non-specific, since it is also produced when chitin is
pyrolysed. In contrast, the tristyrene is less abundant, but
specific for the presence of PS.

Finally, PS was added to the organic rich Lake Ijssel sam-
ple in PS concentrations of 1 to 20 mg L−1. Pyrolysis tubes
were filled with 25 μl of these solutions, and thus contained
25 to 500 ng PS. The limit of detection (LOD) was determined
based on an S/N ratio of 3; the limit of quantification (LOQ)
was assessed considering an S/N ratio of 10.

The second technique used was micro-FTIR to identify
MP. In order to measure MP down to 20 μm in a feasible
time frame, when using micro-FTIR equipped with a single
MCT detector, we tested filter surface chemical mapping at

Environmental Science: Nano Paper
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two spectral and spatial resolutions. For all measurements,
the aperture size was set at 50 × 50 μm. The spatial resolu-
tion, i.e. the step sizes between measurement points, was set
at 20 or 35 μm. In combination with the changed step sizes,
we tested a spectral resolution of 8 cm−1 with four scans per
point and of 16 cm−1 with one scan per point (ultra-fast map-
ping option). To do so, PS fragments (9 to 90 μm) were
spread on an Anodisc filter. The area of the mapped filter
area covered with PS as well as the particle numbers were de-
termined using Picta software.

4. Results
4.1 NMP recovery using crossflow ultrafiltration

The recovery rates of NMP and MP particles were evaluated
after concentrating drinking water samples by crossflow ul-
trafiltration. The three samples revealed an MP recovery of
50.2% (±11.9). The NMP samples were analysed using AF4-
MALS and spectrophotometry and both methods yielded a re-
producible NMP recovery (Fig. 2, Table 1). Spectrophotometry
yielded a total NMP (50 and 200 nm PS) recovery of 54.0%
(±2, n = 3). During AF4 separation the MALS detector revealed
that the peak of the 200 nm spheres was less intense, broader
and lagged behind after crossflow concentration. The 50 nm
NP hardly peaked (Fig. 2). The recovery rates calculated using
the AUCs were 49.3% (±3.7, n = 3) for the 200 nm particles
and 12.7% (±1.3, n = 3) for the 50 nm spheres, which together
makes a total NMP recovery of 48.6% (±3.6, n = 3) (Table 1).
The values are within the error ranges of the measurements
of the total recovery determined earlier. Further, the MALS
detector specified average radii of 115 nm (±1.5, n = 125) and
53 nm (±2.4, n = 28) for the concentrated samples and of 111
nm (±0.5, n = 73) and 67 nm (±1.9, n = 19) for the standard
suspension analysed (Fig. 2). The variations might be attrib-
utable to matrix effects yet suggest that homo-aggregation
during the concentration was not relevant.

4.2 Size determination of NMP using asymmetrical flow field-
flow fractionation (AF4)

First, two membranes, RC and PES, were tested in combina-
tion with different carrier liquids. As only the RC membrane
and the 0.01% SDS solution led to distinct peaks and a satis-
factory size separation (Table S4†), this combination was cho-
sen for further tests. A complete size separation of PS spheres
in a polydispersion (50, 100, 200 and 500 nm) was possible.
Although the 200 and 500 nm peaks were close, they were
still distinguishable (Fig. 3A).

In a second step, a monodisperse suspension of 1000 nm
spheres (200 mg L−1, 10 μL) was injected. These particles had
a similar elution time as the 200 and 500 nm spheres under
crossflow conditions of 2 mL min−1 (Fig. 3B). A new mixture
of these five NMP sizes was analysed under different cross-
flow conditions (0.5, 1, 2, 3, 4 mL min−1, Table S1†) but none
of these could fractionate particles of 1000 nm successfully,

Fig. 2 MALS signal and NMP radii in drinking water after crossflow
ultrafiltration and in the standard suspension containing calculated
target concentrations.

Table 1 Recovery of NMP (measured with AF4-MALSa and UV-vis
spectrophotometryb) and MPc after concentrating 100 L of drinking water
with crossflow ultrafiltration

Initially added plastics Recovery (%) SD

NMP 50 nm (0.4 mg L−1)a 12.7 1.3
200 nm (0.585 mg L−1)a 49.3 3.7
50 + 200 nma 48.6 3.6
50 + 200 nmb 54.0 2.0

MP (2.6 μg L−1)c 50.2 11.9

Fig. 3 MALS signal (black line) and NMP radii (green dots) when
analysing (A) a polydispersion of 50, 100, 200 and 500 nm spheres and
(B) a monodispersion of 1000 nm spheres.

Environmental Science: NanoPaper
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which implies that transition from the “normal mode” to the
“steric mode” occurred, and that prior to analysis, particles
larger than 500 nm need to be removed by filtration. The
scope of the present study did not allow a further, detailed
evaluation of particle fractionation in the steric mode.

The MALS detector indicated average particle sizes of 72
nm (±4.3, n = 23), 103 nm (±3.8, n = 60), 225 nm (±4.5, n =
76) and 514 nm (±7.1, n = 85) (Fig. 3A), and further 1233 nm
(±41.7, n = 161) (Fig. 3B), which fairly matches the character-
istics of originally injected spheres. For particles of 50 and
200 nm (100–0.1 mg L−1, 50 μL) the concentration range was
determined where distinguishable peaks were detected and
where particle sizes were in accordance with the supplier's
specifications. The particles of 200 nm were still detected cor-
rectly at a PS concentration of 1 mg L−1, but not at a concen-
tration of 0.5 mg L−1. For particles of 50 nm the detection
limit was between 5 and 10 mg L−1. In combination with pre-
concentration using crossflow ultrafiltration, these LODs
would further decrease by 200 times, resulting in values be-
tween 5 and 50 μg L−1.

Lastly, to test the effect of different particle densities on
the elution times of particles, monodispersions of 50 nm PS,
gold and silver nanoparticles were injected. Using the same
settings, the particles eluted at the same time (Fig. 4), indi-
cating that different polymer densities will not hinder a satis-
factory size fractionation of NMP.

4.3 Identification of NMP using pyrolysis GC-MS

First, samples from the Lek canal with added PS masses of
15 ng, 3 μg and 30 μg were analysed and examined for the
presence of the styrene (mass 104) and tristyrene (mass 312)
(Fig. S3†). Compared with the values detected for 3 μg PS, the
styrene intensity for 30 μg PS was ten times higher but the
tristyrene intensity was only twice as high, indicating that py-
rolysis of the material was incomplete. Although this does
not hamper polymer identification, it might hamper a quan-
tification with one run.

Secondly, pyrolysis tubes containing masses of 25 to 500
ng PS in organic-rich surface water were analysed to ascertain
the LOD and LOQ of this method. The styrene was detected
in all pyrolysis tubes with lower PS concentrations (Fig. S3†).
The tristyrene was identified for PS of at least 100 ng (S/N ra-
tio of 7). As tristyrene is specific for PS, the analysis should
focus on this compound, which will result in an LOD be-
tween 50 and 100 ng and an LOQ between 100 and 250 ng
for environmental samples. Under the given settings and
pyrolysed volumes of 25 μL, an LOD of 4 mg L−1 and an LOQ
of 4–10 mg L−1 were assessed.

4.4 Identification of MP using micro-FTIR

Using different spectral and spatial resolutions during chemi-
cal mapping yielded slightly varying PS-covered areas and
particle counts between the step sizes of 20 μm (29 particles
and 9.4%; 32 particles and 9.2%) and 35 μm (25 particles
and 9.3%; 28 particles and 10.6%). Step sizes of 20 μm were
preferred since we aimed to detect small MP for which infor-
mation would be lost if step sizes were bigger. Further, the
smaller step sizes allow a more precise determination of sizes
and numbers for particles that lie close to each other. Both
spectral resolutions yielded spectra of sufficient quality to
identify polymer types. We used the lower spectral resolution
for further measurements, since it required shorter measur-
ing times.

Based on data generated during micro-FTIR analysis we
estimated polymer masses using the length (l), width (w) and
depth (d) of the particles and their density. While the two-
dimensional shape of each particle (l × w) can be assessed
from the micro-FTIR data, the third dimension (d) cannot be
measured. However, we can assume that the particles will
prefer a ‘flat’ position on the filter, implying that the un-
known third dimension (d) will be the smallest of the three.
Consequently, it can be assumed that particles on average
have a third dimension which is half of the second dimen-
sion. This assumption will become accurate when the num-
ber of particles is sufficiently large.

4.5 Evaluation of the proposed framework

Several techniques are needed in order to determine a wide
size range of plastics. The framework we present makes it
possible to concentrate NMP and MP, and to identify and
quantify the sizes and polymer types of various NMPs and
MPs in an aqueous environmental matrix. During this study,
individual techniques were tested that proved to be promis-
ing for application in this field of research (Fig. 5). The ap-
proach is in parts comparable to the one presented recently
by Ter Halle et al.16 who sampled plastic of various sizes in
the North Atlantic. They applied micro-FTIR for MP detection
>25 μm and a combination of dynamic light scattering (DLS)
and pyrolysis GC-MS to identify plastics <1.2 μm.

Compared to the techniques' theoretical size constraints
as presented in Fig. 1, only slight adaptions needed to be
made (Fig. 5). Using a micro-FTIR that is not equipped with

Fig. 4 MALS signal revealed similar elution times for nanoparticles (50
nm) made of PS, gold and silver.
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an advanced focal plane array detector which can measure
several pixels at the same time28,51 we suggest mapping the
surface of a filter in steps of 20 μm at a reduced spectral reso-
lution. This enables MP down to 28 μm to be determined. To
assess polymer masses from the generated results, we pro-
pose a particle shape analysis. Although based on an assump-
tion about the particles' third dimension, this approach of-
fers a solution for combining MP and NMP data not only
within the framework presented, but also in studies in
general.

NMP particles are examined using a combination of AF4-
MALS and pyrolysis GC-MS. The AF4-MALS was tested and
the settings optimized to allow NMP between 50 and 500 nm
to be separated. Based on these settings and depending on
the particle sizes, the coupled MALS detector detected parti-
cle sizes for PS concentrations of 1–10 mg L−1. In our ap-
proach, the AF4-MALS sample fractionation is based on previ-
ously determined elution times and thus, is not concentration-
dependent. Subsequently, individual fractions are analysed
using pyrolysis GC-MS. Although there is no size limitation, a
minimum of approximately 100 ng is required to guarantee
the detection of PS in an environmental matrix. Based on the
analysed sample volume of 25 μL, a concentration of 4 mg L−1

PS would be required.
To decrease the LODs, particles need to be concentrated

during sampling. To do so, we introduced crossflow ultrafil-
tration and determined that NMP were recovered reproduc-
ibly for sample volumes of 100 L. At a concentration factor of
200, the LOD for originally present particles would decrease
to 20 μg L−1. Recommendations for addressing the remaining
“gaps” in the NMP–MP size continuum (dashed lines, Fig. 5)
of the proposed framework are discussed below.

5. Discussion
5.1 Closing the gap between small and smaller

The field of micro- and nanoplastic research is relatively
young, implying that methods are still under development.
So far, the use of FTIR or Raman microscopy has been
favoured for the examination of MP at micrometre sizes. Al-
though these techniques enable sizes, shapes and polymer
types to be detected simultaneously, they have shortcomings
regarding detectable particle sizes, their semi-quantification

and their long measurement and data analysis times. As pre-
vious studies16,28 have noted, it is preferable to analyse whole
samples, especially if they are very heterogeneous. However,
this is laborious and time-consuming. Of great benefit is an
automatic approach to handle data generated by micro-FTIR,
reducing the workload and increasing objectivity and compa-
rability of the data generated.52 In addition, the particle
shape analysis we propose enables the relationship between
data derived from spectroscopic and thermal degradation
methods to be ascertained. Recently, polymer mixtures in en-
vironmental matrices have been determined using
thermogravimetric analysis (TGA),31 or pyrolysis16,33 coupled
to a GC-MS system. A TGA system offers controlled continu-
ous heating with a simultaneous weight loss determination
and sample volumes of 20 mg soil.31 Using pyrolysis GC-MS
and sample volumes of 1 mg, Fischer and Scholz-Böttcher33

evaluated the LOD and LOQ for various polymer types in fish
samples and were constrained only by the scale used (repeat-
ability of 0.25 μg). They therefore expect these limits to lie in
the range of nanograms, which makes thermal degradation
methods appealing for detecting NMP.

As already mentioned, micro- and nanoplastic sizes
should be routinely provided, due to size-related effects45 and
to enable comparisons with other studies. Using AF4 and
analysing individual size fractions generates broad and valu-
able results.

This could complement the protocol proposed by Ter
Halle et al.16 using DLS and pyrolysis GC-MS. In comparison
with DLS, the size determination using AF4-MALS is not
concentration-dependent but is based on a priori determined
elution times of injected NMP standards (Fig. 3A). Applying
DLS for heterogeneous samples might cause misinterpreta-
tion of particle sizes and an underestimation of very small
particles.47 The different polymer densities will not hinder a
satisfactory separation, as separation is dependent on particle
sizes, not densities. We did not elaborate on the particle frac-
tionation in the steric mode, but after Dou et al.53 separated
PS spheres from 1 μm up to 40 μm satisfactorily, we conclude
the AF4 being appropriate to fill the remaining gap in the
proposed protocol (Fig. 5).

5.2 Sampling and sample preparation

Adequate sampling of NMP to reach methodological detec-
tion limits of further analyses is especially challenging. We
propose using crossflow ultrafiltration to concentrate NMP.
To evaluate this technique, we tested NMP recovery and po-
tential aggregation processes. Although reproducible, the re-
covery of the 50 nm spheres was not yet at its full potential
(Table 1). The crossflow ultrafilters are used as dialysis equip-
ment and are made to retain proteins of 60 kDa. SEM micros-
copy might be used to test if damaged membranes were lim-
iting the recovery of 50 nm spheres, or if the current
limitation could be attributed to attachments on the inner
walls of the equipment used. Doses of a surfactant in low
concentrations might reduce particle–membrane and

Fig. 5 Overview of techniques applied, showing respective size and
concentration limitations. Using a crossflow filter, particles were
concentrated by a factor of 200, which further decreased the LODs.
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attachment interactions and subsequently increase the recov-
ery rates. Further, we demonstrate the potential of the this
crossflow ultrafiltration setup for sampling surface waters:
635 L were filtered and the particles concentrated into a vol-
ume of 0.4 L, which corresponds to a concentration factor of
1580. This might be increased by a subsequent ultrafiltra-
tion.16 Ter Halle et al.16 concentrated surface water samples
of 1 L using ultrafiltration in a polysulfone-based cell. The fil-
tration had to be repeated several times because the cell vol-
ume was 180 ml, but they succeeded in reducing the sample
volume to 10 ml – a concentration factor of 200.

Although we tested the fibrous crossflow ultrafiltration
membranes with an inner diameter of approximately 200 μm
for filtering MP of 100 μm size, we suggest to combine con-
ventional filtration, e.g. with stacked sieves, with crossflow ul-
trafiltration (Fig. S1†). Using sieves of e.g. 20 μm, 300 μm
and 1 mm allows for large volumes of water to be filtered, as
larger particles would no longer clog the membrane used
during crossflow ultrafiltration.

A further point to consider is sample preparation. This is
already laborious for MP, but will be even more challenging
for NMP. Several approaches have been presented for MP,
but studies are now focusing on an enzymatic25,33,54–56 or al-
kaline50,57,58 treatment to reduce the organic sample matrix
while inorganic particles are removed conducting a density
separation. As our study aim was to test the handling and ap-
plicability of individual techniques, we did not include con-
tamination controls. Though often neglected, these tests are
needed when analysing environmental samples to determine
a method's representability and reliability. Positive controls
need to assess if and how much NMP adsorbs to filter or fil-
ter equipment when filtering NMP prior to AF4 analysis. The
negative controls are particularly important given the broad
usage of plastic materials and the frequently discussed con-
tamination with synthetic fibres.20,59

Conclusion and outlook

The presented analytical framework contributes to a more
consistent determination of a broad size spectrum of plastic
particles, including nanoplastics, in aqueous environmental
samples. We have shown empirical data on the applicability
of the techniques used to sample, to determine plastic sizes
and to identify polymer types. The sampling is especially
challenging for NMP, but crossflow ultrafiltration proved to
reproducibly concentrate these. By doing so, it completes
conventional filtration methods.

The data this framework generates will help elucidate en-
vironmental fate (including fragmentation processes), will al-
low a system-based mass balance to be achieved and, ulti-
mately, will allow assessing environmental risks of micro-
and nanoplastics.
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